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Multilamellar nanovesicles show distinct
mechanical properties depending on their degree
of lamellarity†
Daan Vorselen, a,b Margherita Marchetti,a Carmen López-Iglesias,c
Peter J. Peters,c Wouter H. Roos*‡a,d and Gijs J. L. Wuite*‡a
Small multilamellar vesicles may have beneﬁts over unilamellar vesicles for drug delivery, such as an
increased volume for hydrophobic drugs. In addition, their altered mechanical properties might be beneﬁcial for cellular uptake. Here, we show how atomic force microscopy (AFM) can be used to detect and
characterize multilamellar vesicles. We quantify the size of each break event occurring during AFM
nanoindentations, which shows good agreement with the thickness of supported lipid bilayers. Analyzing
the size and number of these events for individual vesicles allows us to distinguish between vesicles consisting of 1 up to 5 bilayers. We validate these results by comparison with correlative cryo-electron
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microscopy (cryo-EM) data at the vesicle population level. Finally, we quantify the vesicle geometry and
mechanical properties, and show that with additional bilayers adherent vesicles are more spherical and
stiﬀer. Surprisingly, at ∼20% stiﬀening for each additional bilayer, the vesicle stiﬀness scales only weakly
with lamellarity. Our results show the potential of AFM for studying liposomal nanoparticles and suggest
that small multilamellar vesicles may have beneﬁcial mechanical properties for cellular uptake.

Introduction
Nanovesicles are currently used as nanocarriers in drug delivery, for example for cancer therapeutics1,2 and treatment of
protozoan infections.2,3 Characteristic properties of these vesicles can be tuned by changing their degree of lamellarity, and
it has been suggested that small multilamellar vesicles (SMVs:
∼100 nm) can have important benefits over small unilamellar
vesicles (SUVs: ∼100 nm). For instance, many drugs are hydrophobic4 and SMVs have more volume for encapsulation of
hydrophobic molecules than similar sized SUVs. SMVs also
result in slower release kinetics, and antigen carrying SMVs
have furthermore been shown to form a much more potent
vaccine than SUVs.5 SMVs with cross-linked lipid bilayers seem
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to have enhanced therapeutic benefits.5,6 On the other hand,
multilamellarity also occurs as an uncontrolled side eﬀect
when trying to achieve a high loading rate of water soluble
molecules into vesicles; the high concentration of vesicles,
which is used to achieve eﬃcient loading, results in formation
of multilamellar vesicles.
The mechanical properties of vesicles, and more generally
of nanoparticles, is potentially an important factor for interaction with cells and hence for drug delivery.7,8 It has been
shown that increasing the rigidity of particles, and vesicles
specifically, significantly facilitated their uptake by cells.9–11
These results are supported by theoretical models which
suggest that stiﬀer particles stay in a more spherical shape
upon binding to a cell membrane, leading to more eﬃcient
cellular uptake.12,13 Furthermore, it was reported that the
mechanical properties of nanoparticles can influence the
uptake mechanism,14 as well as circulation and targeting.15
These results show the relevance of vesicle mechanics for drug
delivery. Notably, multilamellarity could have a strong influence on the mechanical properties of vesicles and therefore
potentially on cellular uptake. However, a quantification of the
impact of the degree of multilamellarity on the mechanical
properties is currently lacking.
In this study, we quantify the mechanics of SMVs using
atomic force microscopy (AFM). AFM nanoindentation is a
proven technique to study the material properties of nano-
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particles, such as viruses,16–18 liposomes19,20 and natural
vesicles.21–23 Recently, we applied AFM to study the mechanics
of small unilamellar vesicles and introduced a new quantitative model based on Canham–Helfrich theory24,25 to describe
their mechanical response.20 AFM has also been used to study
the penetration, or equivalently puncturing, of supported lipid
bilayers.26–28 However, it remains challenging to characterize
individual breaks events during nanoindentation of fluid
bilayer stacks.29 In this work, however, we show that by performing AFM nanoindentations we can determine the degree
of lamellarity for individual vesicles by analyzing bilayer penetrations. The distribution of lamellarities present in the
vesicle populations corresponds well to cryoEM data. This
allows us to study the physical diﬀerences between vesicles
with 1 up to 5 bilayers. We find that SMVs stay in a more
spherical shape upon adhesion with a surface. SMVs are also
stiﬀer than SUVs, however, the stiﬀness of adherent vesicles is
only weakly dependent on the degree of lamellarity. These properties are potentially beneficial for drug delivery.

Results and discussion
Recently, we described the mechanics of unilamellar nanovesicles.20 In the current work, we applied a vesicle preparation
protocol, which, using a higher concentration of lipids and
leaving out freeze–thaw cycles, gives rise to a high percentage
of multilamellar vesicles. The vesicles were made of a complex
lipid mixture and extruded through 200 nm filters (see
Experimental section). Subsequently they were attached to
0.001% poly-L-lysine coated glass surfaces. For the mechanical
probing of the vesicles, first, an image of individual particles
was recorded. Subsequently, we performed nanoindentation
experiments to obtain force deformation curves (FDCs).16
Initially, an indentation was made until a maximum force of
0.5 nN. These low-force indentations show strong overlap
between approach and retract curves, showing that the
observed behavior is elastic (Fig. 1). This first indentation was
followed by at least one more indentation until a maximum
force of 10 nN (Fig. 1). For high-force indentations we sometimes observe similar behavior as previously predicted and
described for SUVs:20 the FDC first shows an approximately
linear force response, which is followed by a flattening of the
curve, corresponding to inward lipid tether formation. Next,
there is a steep rise in force, supposedly due to the two lipid
bilayers being pressed together. Finally, two discontinuities
are visible, which likely corresponds to the penetration of the
two lipid bilayers. Thereafter, the AFM tip touches the glass
surface (Fig. 1A and inset), which appears infinitely rigid.
However, for diﬀerent vesicles more discontinuities occurred
close to the glass surface, which suggests that more lipid
bilayers are penetrated and hence that these vesicles are multilamellar (Fig. 1B and C). Interestingly, vesicle indentations
also reveal discontinuities further from the glass (Fig. 1C and
D), which calls for a systematic analysis of these discontinuities to determine lamellarity.
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Fig. 1 Typical force indentation curves on unilamellar and multilamellar
nanovesicles. First a low-force indentation was performed (black =
approach, grey = retract). The approach and retract curves highly
overlap (the retract curve is mostly behind the approach curve and
therefore hard to see in panel A & B), indicating elastic behavior. In dark
blue, a subsequent indentation until a 10 nN max. force (retract in light
blue, negative forces indicate vesicle-AFM tip adhesion). Force is initially
zero till the contact point (at indentation 0 nm), then a subsequent rise
in force follows. Finally, multiple breaks events can be observed close to
the surface, which is visible as a nearly vertical response. Vesicles
showing (A) 2, (B) 4 and (C) 6 break events close to the surface
(magniﬁed and identiﬁed with arrows in insets). The last break closest to
the surface is visibly smaller than the other breaks. (C, D) Breaks can also
occur far from the surface. These breaks occur in similar sized steps
(∼4 nm) (D, inset).

In total, we recorded 561 break events in FDCs made on
124 vesicles. To examine these events, we separated out discontinuities occurring close to the glass surface, i.e. those occurring within ∼3 nm from the surface or from a subsequent discontinuity (e.g. the discontinuities in the insets of figure
panels 1A–C). Such breaks typically occur after a steep rise in
force when presumably the bilayers are compressed into a
stack. We quantified the distance of the discontinuities, which
shows a bimodal distribution with peaks at 2.00 ± 0.05 nm
and 4.98 ± 0.07 nm (s.e.m. (standard error of the mean), N =
361) (Fig. 2A) for the discontinuities close to the surface. The
5 nm peak corresponds to previously reported bilayer thicknesses.30,31 The 2 nm peak is caused almost exclusively by the
last discontinuity before the glass surface, which are 1.94 ±
0.04 nm (s.e.m., 114 events with break size <4 nm, from 124 in
total) (Fig. 2A). We separately investigated the breaks occurring
further from the surface (N = 200). Unlike nanoparticles that
behave like thin elastic shells (e.g. some viruses), which buckle
during nanoindentations,32,33 no such discontinuity is
expected during indentations of vesicles with fluid membranes.20 These breaks could therefore correspond to bilayer
penetration events. The vesicle indentations suggest that these
discontinuities can occur in steps of a specific size (Fig. 1D,
inset). Indeed, we observe a large peak around a break size of
4.0 ± 0.1 nm (s.e.m., N = 159) (Fig. 2B), again corresponding to
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Fig. 2 Analysis of breaks occurring in FDCs on vesicles. (A) In blue,
histogram of breaks occurring close to the surface (N = 361 breaks in
indentations on 124 vesicles, 15 breaks showed a break size above
10 nm and are not shown). In grey, histogram of the ﬁnal break occurring before reaching the surface (N = 124). In black a bimodal Gaussian
ﬁt of breaks <7 nm, with peaks at 2.00 ± 0.05 nm and 4.98 ± 0.07 nm
(s.e.m.). (B) Breaks occurring farther from the surface (>3 nm from the
surface or a subsequent break, e.g. the discontinuities in the inset of
ﬁgure panel 1D) in blue (N = 200). In black a Gaussian ﬁt of breaks
<7 nm (N = 159) with peak at 4.0 ± 0.1 nm (s.e.m.). Some of the larger
breaks (>7 nm) could correspond to penetration of multiple bilayers at
once.

reported bilayer thicknesses30,31 and therefore suggesting that
these breaks could also correspond to bilayer penetrations.
Interestingly, the break events further from the surface
occurred at significantly lower forces (∼1 nN) than the bilayer
penetrations close to the surface (∼2 nN). This could be
related to diﬀerences in loading rate34 (Fig. S1†).
The thickness of lipid bilayers is typically in the range
3–5 nm,30,31 however, we wanted to compare the break sizes
found during vesicle indentations with the thickness of lipid
bilayers with identical lipid composition. For this purpose,
AFM imaging can be used to rupture vesicles, resulting in supported lipid bilayers;35 in our experiments we induced vesicle
rupture by imaging with a high force (∼2 nN). By subsequent
AFM imaging at low force (Fig. 3A) we found that the thickness
of our lipid bilayers is 4.1 ± 0.2 nm (s.e.m., N = 4) (Fig. 3B).
Note that for this estimate of the bilayer height we compress
the bilayer somewhat due to the imaging force (∼100 pN). By
performing nanoindentations on these lipid bilayers we

Fig. 3 Imaging and indentation of supported lipid bilayers. (A) Typical
supported lipid bilayer created by AFM scanning of vesicles at a high
force (∼2 nN). Image recorded at peak imaging forces of ∼100 pN. (B)
Histogram of the height of each pixel of image 3A. The height of the
bilayer was determined as the distance between the peaks (4.1 ± 0.2 nm
(s.e.m.), N = 4 bilayers). (C) Typical FDCs performed on solid supported
lipid bilayers. Diﬀerent colors mark indentations at diﬀerent locations.
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measured the thickness by quantifying the distance from the
contact point till the surface which should give a better estimate of the thickness, resulting in 5.2 ± 0.2 nm (s.e.m., N = 54)
(Fig. 3C), which indeed corresponds well to the size of the
larger breaks occurring close to the surface. The force required
for penetrating supported lipid bilayers exceeds the force
observed during vesicle indentation, which may be related to
the membrane tension present in the adherent vesicles36
(Fig. S1†). During indentations, we observed that our bilayers
deformed strongly and continuously (3.6 nm ± 0.2 nm) before
they show a small break (1.78 ± 0.05 nm, s.e.m., N = 54). The
size of these breaks corresponds well to the final breaks before
reaching the surface in vesicle indentations. This suggests that
a ∼2 nm break occurs when puncturing a deformed bilayer on
a stiﬀ surface, because the jump is between a highly deformed
state of the bilayer and the solid surface underneath. The
4–5 nm breaks of the indented vesicles on the other hand are
then a result of penetrating a deformed bilayer on top of
another deformable bilayer. This suggests that the vast
majority of the observed break events in the nanoindentations
experiments on vesicles correspond to bilayer penetrations.
Next, we summed the distance of all breaks for each vesicle
indentation curve (Fig. 4A). We observed a broad distribution
of this total distance, with multiple peaks. To find the location
of the peaks we fitted a mixture of five Gaussian distributions,
revealing peaks at 7.3 ± 0.3, 15.9 ± 0.9, 22.9 ± 1.1, 29.4 ± 1.8
and 40.8 ± 1.6 nm (s.e.m. determined by bootstrapping). These
values correspond well to multiples of 8 nm, which is approxi-

Fig. 4 Determination of the vesicle degree of lamellarity. (A) Total
break distance summed per vesicle (N = 124). In black a multimodal
Gaussian ﬁt (5 components, with peaks at 7.3 ± 0.3, 15.9 ± 0.9, 22.9 ±
1.1, 29.4 ± 1.8 and 40.8 ± 1.6 nm (s.e.m.)). In light grey the expected
total break distance for vesicles with 1,2, …, 8 bilayers, assuming a
bilayer thickness of 8 nm. (B) Cryo-EM image of the vesicles. (C) Average
number of lipid bilayers for vesicles as function of the radius.
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mately two times the height of a lipid bilayer. This indicates
that we indented vesicles with 1 to 5 lipid bilayers and that we
can distinguish vesicles based on their number of bilayers. For
further analysis, we separated the vesicles by their lamellarity
based on binning between the minima in the multimodal
Gaussian fit (Fig. S2†).
To establish how well we can determine the lamellarity of
vesicles using AFM, we used CryoEM for an independent
measure of the distribution of degree of lamellarity for the
vesicle population. We determined the lamellarity of vesicles
by CryoEM images revealed a distribution of vesicle lamellarities present in the vesicle population (Fig. 4B). Since the
degree of lamellarity depends on the vesicle size, we compared
the AFM and CryoEM data by the average number of bilayers
for diﬀerent vesicle sizes (Fig. 4C). Especially for the larger
vesicles, the two measurements correspond very well. The deviation for smaller vesicles could be partially caused by our preference for higher vesicles in the AFM experiments. Overall,
the good correspondence of these data indicates that we can
indeed detect the number of bilayers accurately using AFM
nanoindentation. This encouraged us to look into the eﬀect of
number of bilayers on the physical properties of vesicles.
First, we examined the shape of the vesicles adhering to the
surface. Adherent vesicles typically deform on the surface,20,37
where the optimal shape is that of a spherical cap, in which
the degree of spreading is a balance of bending and stretching
of the bilayer, adhesion energy to the surface and a build-up of
internal osmotic pressure.38 We obtained quantitative information on the shape of individual vesicles by creating a line
profile along the slow scanning axes through the maximum
height H of a vesicle. We determined the radius of curvature Rc
by fitting a circular arc to the part of the line profile above half
of the maximum height. We then quantified the shape of the
vesicle by dividing the height by the radius of curvature
(Fig. 5A and inset). This value is 2 for a sphere and 1 for a

Fig. 5 Eﬀect of multilamellarity on vesicle geometry and mechanics. (A)
Shape of vesicles as quantiﬁed by the height divided by radius of curvature (Rc). Adherent vesicles containing more bilayers are less ﬂattened.
Inset shows how vesicle shape was quantiﬁed. Line proﬁle as measured
by AFM in dotted black. In dark blue the ﬁtted circular arc and in light
blue the cap shape after tip correction (see Experimental section).
Height and radius of curvature are marked with arrows. (B) Stiﬀness
(spring constant) of vesicles (measured between 0.02 and 0.1 Rc).
Vesicles with more lipid bilayers are stiﬀer. In red a linear ﬁt. Slope
corresponds to ∼2.7 × 10−3 N m−1 per bilayer. Errorbars in both panels
correspond to s.e.m.
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hemisphere. We corrected these measures for tip convolution
and deformation during imaging (see Experimental section).
Most vesicles formed spherical caps with H/Rc between 0.7 and
1. We observed a clear increase of this ratio with increasing
degree of lamellarity, showing that multilamellar vesicles
spread less and stay in a more spherical shape upon adhesion
(Fig. 5A).
Since the external chemical properties for unilamellar and
multilamellar vesicles are identical, their adhesion energy to
the surface is identical too. Hence, the more spherical shape
suggests that the multilamellar vesicles are stiﬀer. To test this
more directly we measured the vesicle stiﬀness (i.e. spring constant) using the initial slope of the indentation curve
(measured between indentation of 0.02–0.1 Rc or until the first
discontinuity if it occurred at smaller indentation). We
observed a clear increase, which appears strikingly linear, in
stiﬀness with each added bilayer, from 0.015 ± 0.002 N m−1
(s.e.m., N = 26) for unilamellar vesicles to 0.027 ± 0.002 N m−1
(s.e.m., N = 14) for vesicles with 5 lipid bilayers (Fig. 5B).
Fitting a linear relation to this data revealed a slope of 0.0027
N m−1 per added bilayer. This corresponds to an increase of
only ∼20% of the stiﬀness of an unilamellar vesicle with each
added layer.

Discussion and conclusion
In this work, we identified multilamellar vesicles by quantifying the total size of the break events occurring during nanoindentations (Fig. 1 and 4A). These penetration events have been
previously observed in studies on solid supported bilayers26
and during vesicle indentations.19 It was also previously
observed that when indenting multiple fluid bilayers, the
break closest to the surface is smaller.28,39 Our data on supported fluid lipid bilayers indeed suggests that they are
strongly deformed, to less than half of their initial thickness,
before they are penetrated (Fig. 3C). Although this has been
observed previously,34 the processes that lead to this extent of
deformation are unknown. Strong deformation is presumably
due to tilting of phospholipid molecules and bending of their
hydrocarbon chains, and perhaps interdigitation of the two
leaflets.
We see a clear eﬀect of the amount of lipid bilayers on the
vesicle stiﬀness (Fig. 5B). Our data can be well described by a
linear relation with 2.7 × 10−3 N m−1 stiﬀness added per lipid
bilayer. Typically, the mechanics of fluid lipid vesicles are
described in terms of two intrinsic material properties, i.e. a
bending modulus κ and a stretch modulus σ.20,24,25,40,41 Since
the applied force by the AFM tip is perpendicular to the bilayer
plane, the contribution of stretching is expected to be negligible. In case of bending alone, a SMV could be approximated
by parallel springs and an increase of ∼100% in stiﬀness
would be expected for each internal vesicle. Hence, the ∼20%
added stiﬀness per additional bilayer observed here seems
inconsistent with bending alone. In previous work we reported
that the high stiﬀness of adherent unilamellar vesicles, too, is
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inconsistent with bending alone (in which case the vesicle
stiﬀness is expected to be ∼28κRc−2 ≈ 10−4 Nm−1) and can
instead be described more accurately using an additional term
corresponding to an osmotic pressure diﬀerence over the
membrane (Πinternal > Πexternal ), which builds up during vesicle
spreading onto the surface and leads to vesicle stiﬀening.20
Qualitatively, such pressurization is consistent with the results
presented here. Due to the development of osmotic pressure in
the outermost vesicle during spreading onto the surface,38
internal vesicles are expected to deform in a balance of
bending and osmotic pressure themselves. In equilibrium this
will result in an osmotic pressure (Πexternal > Πinternal ) over the
internal membrane. This pressure diﬀerence is likely small
compared to the pressure diﬀerence over the outermost membrane since it is not driven by adhesion to the surface, and
balanced by membrane bending alone. Therefore, the presence of an internal vesicle is expected to lead to a modest
increase in pressure diﬀerence over the outermost membrane
(Πinternal > Πexternal ) and similar modest increase in vesicle
stiﬀness. Moreover, when the internal membranes are less
pressurized than the outer membrane, they will also resist
deformation during AFM indentation less strongly.

Conclusion
In summary, our study shows that we can detect and measure
mechanical properties of multilamellar vesicles by AFM
nanoindentations. The observed response is in agreement
with our recently proposed model, which described vesicles
indentation using Canham–Helfrich theory.20 SMVs stay in a
more spherical shape and are stiﬀer than SUVs. These properties were previously shown to be beneficial for cellular
uptake.9,10,12,13 According to these findings, our results
suggest that the degree of lamellarity of small vesicles can be
tuned for beneficial physical properties for drug delivery.

Experimental section
Vesicle preparation
EggPC (P2772) and Cholesterol (C8667) were ordered from
Sigma. Brain PS (840032C) was ordered from Avanti Polar
lipids. Egg PE and Egg SM were ordered from Lipoid. Small
MLVs were produced using the extrusion method.42 In short:
lipid powder was dissolved at 20 mg mL−1 in a 9 : 1
CHCL3 : CH3OH solution in a round bottom flask. Molar ratio
of mixed lipids was 15% Egg PC, 17% Egg PE, 8% Brain PS,
15% Egg SM and 45% cholesterol. This complex lipid mixture
is designed to mimic the lipid concentrations in the red blood
cell43 and similarly vesicles excreted by red blood cells.44 The
solvent was dried in a rotary evaporator (Buchi), first for
1 hour at 400 mBar, then subsequently at least another
30 minutes at 100 mBar. Vesicles with equal buﬀer conditions
in the lumen and on the outside were created by dissolving the
dried lipids in PBS (Phosphate buﬀered saline: 10 mM phos-
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phate, 150 mM sodium chloride, pH 7.3–7.5) (Invitrogen) at a
20 mg ml−1 final concentration. Vesicles were then vortexed
for 10 minutes. Finally, vesicles were extruded 15 times back
and forth through a 200 nm filter (Avanti polar lipids).
AFM
Vesicles were adhered to poly-L-lysine coated glass slides in
PBS. Slides were first cleaned in a 96% ethanol, 3% HCl solution for 10 minutes. Afterwards they were coated for 1 hour in
a 0.001% poly-L-lysine solution (Sigma), rinsed with ultrapure
water and dried overnight at 37 °C. They were stored at 7 °C for
a maximum of 1 month. A 50 µL droplet of vesicle solution
was incubated on the glass slide. Vesicles were imaged in
PeakForce Tapping™ Mode on a Bruker Biocatalyst setup.
Force setpoint during imaging was 100 pN. Nanoindentations
were performed by first making an image of a single particle,
indenting it at 0.5 nN, and subsequently 10 nN with a speed of
250 nm s−1. Subsequently another image was made to check
for movement of the vesicle. Importantly, both before and
after the vesicle indentation, the tip was checked for adherent
lipid bilayers by pushing on the glass surface till a force of
5 nN. Tips used were silicon nitride tips with a nominal tip
radius of 15 nm on a 0.1 N m−1 cantilever by Olympus
(OMCL-RC800PSA). Individual cantilevers were calibrated
using thermal tuning.
AFM image analysis
Both images and force curves were processed using home-built
MATLAB software. Size and shape of vesicles were analyzed as
described previously.20 Briefly, a circular arc was fit to the part
of the vesicle above half of the maximum height. Subsequently
the tip size was subtracted. Height of the vesicles was determined from the FDC. Radius of curvature was corrected by 2.5
times the height found in the FDC minus the height found in
the images. Size of the vesicle before deformation was calculated assuming surface area conservation. A minimum radius
of curvature of 5 nm was assumed for where the spherical cap
touches the surface.
AFM FDC analysis
The cantilever response was measured on the sample surface
and fitted linearly. The resulting fit was subtracted from the
measured response when indenting vesicles to obtain FDCs.
The stiﬀness (or spring constant) of the vesicles was found by
fitting the FDC with a straight line in the interval between
0.02–0.1 Rc (a single FDC per vesicle was used). For assigning
lamellarity to the vesicles, they were binned between the
minima of the multi-modal gaussian fit in Fig. 4.
Cryo-EM
For the cryo-preparation, glow-discharged R2/2200 mesh holey
carbon films (Quantifoil) were used. 2.5 μL of sample was
applied to the grid and blotted for 2.5 s and then cryo-plunged
using a Vitrobot (Thermo Fisher Scientific, The Netherlands).
In total 90 micrographs were collected on a Tecnai Spirit
(120 kV) cryo-electron microscope using a Eagle 4k × 4k CCD
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camera (Thermo Fisher Scientific). CryoEM images were analyzed by measuring the circumference of individual vesicles
and counting the amount of lipid bilayers. A small percentage
of multivesicular vesicles was present, in which case only
the bilayers of the internal vesicle with the highest degree of
lamellarity were counted.
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